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Abstract 

Dietary consumption of omega-3 long-chain polyunsaturated fatty acids (PUFAs), particularly docosahexaenoic 
acid (DHA, 22:6n-3) and eicosapentaenoic acid (EPA, 20:5n-3), is associated with various health benefits. Numerous 
marine microorganisms, such as bacteria, yeast, microalgae, protists, fungi, and dinoflagellates, produce long-chain 
PUFAs. These PUFAs are biosynthesized via two pathways: the conventional aerobic fatty acid synthase (FAS) pathway 
in microalgae and the anaerobic PUFA synthase pathway, primarily in marine bacteria and eukaryotic microalgae. 
Understanding the mechanisms of long-chain PUFAs (LC-PUFAs) biosynthesis is crucial for developing effective 
strategies to engineer biosynthesis in both heterologous microbial species and native PUFAs producers. This review 
highlights recent findings on the biosynthetic mechanisms underlying long-chain PUFAs production, with an empha-
sis on marine bacteria and microalgae. Additionally, developments in metabolic engineering to enhance long-chain 
PUFAs production in marine microorganisms are discussed.
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Introduction
Polyunsaturated fatty acids (PUFAs) are essential for the 
human body and are classified into two types: omega-3 
(ω-3) and omega-6 (ω-6) [1]. PUFAs have been shown 
to benefit hypertension [2], prevent chronic kidney dis-
ease [3] and improve lipid metabolism [4]. Additionally, 
PUFAs can enhance immune function [5] and promote 
brain and optic nerve development in infants when sup-
plemented during pregnancy [6]. While PUFAs have the 

potential to provide health benefits, further research is 
necessary to fully understand their effects.

Nature utilizes two biosynthetic pathways for the 
production of polyunsaturated fatty acids. With their 
presence in microorganisms dependent on environ-
mental conditions. Aerobic microorganisms use aerobic 
pathways for synthesizing unsaturated fatty acids. For 
instance, cyanobacteria, some algae, and plants exclu-
sively utilize aerobic pathways for this purpose. In con-
trast, certain anaerobic organisms such as E. coli and 
marine microorganisms that inhabit low-temperature, 
high-pressure, and anoxic environments only use the 
anaerobic pathway for unsaturated fatty acid synthe-
sis. Notably, certain bacteria such as Pseudomonas 
aeruginosa, Tisochrysis lutea, Nannochloropsis [7], 
Aurantiochytrium SW1 [8] and Thraustochytrids pos-
sess the ability to utilize two synthesis pathways simul-
taneously. These bacteria exhibit unique adaptability and 
diversity under various environmental conditions. For 
example, they may need to survive in extreme environ-
ments, necessitating the utilization and optimization 
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of their two distinct synthesis pathways to obtain the 
required unsaturated fatty acids [9, 10].

Traditionally, fish oils have been the main source of 
PUFAs. The increasing consumer interest in marine spe-
cies like salmon, known for their rich oil content, has led 
to intensified fishing efforts. Fish obtain PUFAs by con-
suming PUFA-rich diets, which results in differences 
in the fatty acid profile and ratio in their oils. To boost 
PUFA levels in fish oils, oil-producing microorganisms, 
such as Schizochytrium sp., are often added [11]. More-
over, to improve the oxidative stability of PUFAs in fish 
oil and minimize the development of off-flavors, various 
advanced techniques are applied [12, 13]. However, these 
methods also contribute to higher production costs. As 
quality of life and consumption patterns advance, reliance 
solely on marine fisheries and aquaculture for PUFAs has 
proven insufficient to meet rising demand. Additionally, 
growing marine environmental issues highlight the need 
to diversify PUFAs sourcing methods beyond limited 
marine resources. Consequently, researchers are increas-
ingly focusing on alternative PUFAs acquisition methods.

In recent years, there has been a significant shift 
towards using oil accumulating microorganisms like 
algae and other marine organisms to produce health-
beneficial PUFAs such as EPA and DHA with an eco-
friendly and efficient way, marking a new direction for 
sustainable development. Previous literature has detailed 
the functionalities of the catalytic domains within fatty 
acid synthase and PUFA synthase, as well as the mecha-
nisms underlying PUFAs synthesis and the regulation 
of fatty acid profiles through metabolic engineering 
modifications [14–18]. The potential of marine micro-
organisms as a sustainable energy source was discussed, 
and the adaptability of marine microorganisms to vari-
ous environmental conditions and high fat content was 
emphasized. In addition, this review summarizes recent 
research on unsaturated fat biosynthesis and provides 
insights into sustainable development and industrial 
production methods. The mechanism of biosynthesis 
of long-chain PUFA in marine bacteria and microalgae, 
as well as advances in metabolic engineering, was com-
prehensively analyzed to increase PUFA production in 
marine microorganisms.

Long‑chain PUFAs biosynthetic pathway
Long-chain polyunsaturated fatty acids are synthesized 
via two pathways: the conventional aerobic fatty acid syn-
thase (FAS) pathway and the anaerobic PUFA synthase 
(polyketide synthase-like, PKS-like) pathway [17, 18].

In the FAS aerobic pathway, specific desaturases and 
elongases catalyze a sequence of elongation and desatu-
ration steps [19]. Desaturases require oxygen to produce 
long-chain PUFAs from C16 or C18 saturated fatty acids, 

which occurs mainly in microalgae, fungi, and plants [20, 
21]. Palmitic acid (PA, C16:0) is synthesized using acetyl 
CoA as a precursor and FAS synthase, with NADPH par-
ticipating in the process [22, 23]. FAS synthase is a barrel-
shaped enzyme complex with multiple catalytic domains, 
including acyl carrier protein (ACP), malonyl palmi-
toyl transferase (MPT), ketoacyl synthase (KS), ketoacyl 
reductase (KR), dehydratase (DH), enoyl reductase (ER), 
and thioesterase (TE) domains [15, 24]. The center of 
the barrel is divided into two reaction chambers, where 
catalytic reactions shuttle through the ACP domain [25, 
26]. The MPT domain is responsible for loading the start-
ing unit. The process begins with KS domain catalyz-
ing the substrate condensation to form 3-ketoacyl-ACP. 
Next, KR domain catalyzes the reduction of acyl-ACP 
to form 3-hydroxyacyl-ACP. The DH domain then cata-
lyzes the dehydration to form 2-trans-enoyl-ACP. Finally, 
ER domain catalyzes the reduction reaction. This four-
step process (condensation, reduction, dehydration, and 
reduction) is repeated seven times to produce palmitic 
acid. Stearic acid (SA, C18:0) is produced through an 
elongation process by the enzyme [22]. The TE domain 
catalyzes the formation of free fatty acids. Based on this, 
oleic acid (OA, C18:1), linoleic acid (LA, C18:1) are syn-
thesized step by step using desaturation enzyme (Δ9, 
Δ12, and Δ15) [27]. Two desaturase and elongase path-
ways have been identified for the synthesis of long-chain 
PUFAs. The conventional Δ6 pathway utilizes Δ6 desat-
urase to form γ-linolenic acid (GLA, C18:3) and steari-
donic acid (SDA, C18:4) from LA and ALA, respectively. 
Then, the Δ6 elongase extends by 2 carbon atoms to pro-
duce dihomo-γ-linolenic acid (DGLA, C20:3) and eicosa-
tetraenoic acid (ETA, C20:4). This pathway then converts 
DGLA to arachidonic acid (ARA, C20:4) and ETA to EPA 
using Δ5 desaturase, which can also catalyze EPA forma-
tion via omega-3 desaturase [28, 29]. The Δ8 pathway, 
mainly found in protist organisms, uses Δ9 elongase to 
catalyze the extension of LA and ALA by 2 carbon atoms 
to yield eicosadienoic acid (EDA, C20:2) and eicosa-
trienoic acid (ERA, C20:3), respectively, which are then 
converted by Δ8 desaturase to DGLA and ETA. The sub-
sequent synthesis steps are identical in the Δ6 pathway 
[30]. Figure 1 illustrates the route of PUFAs synthesis by 
FAS in marine microorganisms.

The FAS pathway requires oxygen, whereas the anaer-
obic PUFA synthase pathway functions with or without 
oxygen and is widespread in marine microorganisms, 
including eukaryotic microalgae and mainly marine 
bacteria [14, 15, 24]. The PUFA synthase pathway is 
considered more efficient system than the aerobic path-
way because it requires less NADPH to produce long-
chain PUFAs [24]. Most PUFA synthases from marine 
microorganisms consist of three or four subunits, each 
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producing specific PUFAs, although the multiple cata-
lytic domains in each subunit are very similar [14, 15]. 
These PUFA synthases are large enzyme complexes 
with multiple catalytic domains, including acyl car-
rier protein (ACP), malonyl coenzyme A: ACP transac-
ylase (MAT), ketoacyl synthase (KS), ketoacyl reductase 
(KR), dehydratase  (DHPKS and  DHFabA), enoyl reductase 
(ER), acyltransferase (AT), and chain length factor (CLF) 
domains [31, 32]. All these domains are involved in the 
elongation cycle of PUFAs biosynthesis. The biosynthe-
sis of PUFAs begins from acetyl-ACP and proceeds with 
repeating cycles of four reactions: condensation (KS), 
ketoreduction (KR), dehydration (DH), and enoylreduc-
tion (ER) [15, 24]. The structure and function of biosyn-
thetic domains for ARA, EPA, and DHA synthases have 
been identified in the marine prokaryotes and microalgal 

genera, but the detailed biosynthetic machinery remains 
unclear. Figure 2 is PKS-like synthetic routes for PUFAs 
in marine microorganisms.

Structure and function of PUFA synthases from marine 
microorganisms
Fatty acid chain extensions typically contain at least three 
functional domains, MAT/AT, KS/CLF, and ACP, while 
KR, DH, and ER act as modifying domains to convert 
the β-keto groups formed in the condensation step to 
hydroxyl, olefin, and methylene groups, respectively [15, 
22, 33].

Extension of fatty acid chains
The MAT domain is located in the first subunit (PfaA or 
Subunit A) of PUFA synthase, which has a high sequence 

Fig. 1 Aerobic fatty acid synthase (FAS) pathway in marine microorganisms
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similarity to FabD from E. coli and typical features of 
α/β hydrolases [34–36]. It is responsible for catalyz-
ing malonyl-CoA, transferring malonyl groups to form 
malonyl-ACP as an extender for the initiation of fatty 
acid synthesis [34–36]. Our recent data showed that the 
reorientation of the MAT-Ser154  Cβ-Oγ bond establishes 
distinctive proton transfer chains (His153-Ser154 and 
Asn235-His153-Ser154) for catalysis [37]. Replacement 
of Gln66 with tyrosine shortens the distance between 
His153  (Nε2) and Ser154  (Oγ), facilitating more rapid pro-
ton transfer [37]. In addition, the AT domain located in 
the second subunit (PfaB or Subunit B) of PUFA synthase 
usually contains a specific conserved GXSXG motif, 
which exhibited thioesterase-like activity towards long-
chain PUFAs thioesters [38, 39]. The Ser96-His220 cata-
lytic dyad can be observed in the AT domain [38, 40].

PUFA synthase typically have multiple KS domains 
located on different subunits [41, 42]. The elonga-
tion of the fatty acid chain depends on an iterative 

decarboxylation-Claisen condensation reaction catalyzed 
by  KSPfaA or  KSPfaB/C-CLF domains [42]. The two types 
of KS domains of PUFA synthase have different sub-
strate preference in chain length [14]. The  KSPfaA domain 
accepted mainly short and medium chain substrates, 
whereas the  KSPfaB/C-CLF domain accepted medium and 
long chain substrates [14, 43]. The previously character-
ized KS-CLF crystal structure of the Moritella marina 
(PDB: 6RIW) indicated that the KS contains the con-
served triad of one cysteine residue and two histidine res-
idues [42]. The triad involved in catalyzing the hallmark 
decarboxylative condensation reaction of all KS domains. 
Notably, the switching of a DHA synthase to an EPA syn-
thase is regulated by specific amino acid residues within 
the KS-CLF domain [14, 42]. Although it is now evident 
that the KS domain plays a key role in specifying the 
chain length of long-chain PUFAs, the precise mecha-
nism of substrate recognition and chain length regulation 
remains uncertain.

Fig. 2 Anaerobic PUFA synthase pathway in marine microorganisms
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During fatty acid biosynthesis, the acyl group is 
attached to the conserved serine residue of the ACP 
domain via the phosphopantetheinyl arm [44]. The 
ACP domain transfers acyl groups to various functional 
domains within the PUFA synthase through interactions 
with the acyl substrates [44, 45]. Through interactions 
with the different functional domains, the ACP domain 
is able to direct the acyl substrates to the correct position 
and ensure the smooth synthesis of the fatty acid chain 
[44, 45]. Despite the fact that the ACP domains of PUFA 
synthase can exist in different forms, they are structur-
ally similar [23, 45]. The number of ACP domain may be 
related to the LC-PUFAs production rate [23, 45].

Modification of fatty acid chains
The catalytic reaction of the KR domain of PUFA syn-
thase reduces 3-ketolipoyl ACP to 3-hydroxylipoyl ACP 
using NADPH as a cofactor [24, 45]. The domain typi-
cally contains a Rossmann fold and a catalytic triad con-
sisting of serine, tyrosine, and leucine residues [46]. The 
presence of only one KR domain in PUFA synthases sug-
gested that the KR domain may have an even broader 
acyl substrate specificity [15, 46].

The DH domain possesses a double “hot dog” archi-
tecture that catalyzes the dehydration of 3-hydroxyla-
cyl-ACP to 3-enoyl-ACP, thereby introducing a double 
bond into the fatty acid acyl chain [47, 48]. PUFA syn-
thases typically contain three DH domains, while differ-
ent types of  DHPKS and  DHFabA have different substrate 
preferences in chain length [21, 46]. For an EPA synthase 
from Photobacterium profundum, the  DHPKS domain has 
substrate specificity for 3-hydroxyacyl-ACP with four 
carbons, whereas the  DHFabA domain has selective activ-
ity for chain length of six carbons [49–51]. It was con-
firmed that  DHPKS and  DHFabA are the key domains for 
ARA, EPA, and DHA synthesis. The fusion expression 
of the EPA synthase gene and the ARA synthase gene 
can adjust the ratio of EPA and ARA [43]. Researchers 
found that DH domains in Schizochytrium sp. HX-308 
and Shewanella sp. BR-2 had 24% and 26% similarities 
with  DHFabA and  DHPKS, respectively. The  DHFabA “hot-
dog” linker in Schizochytrium was more flexible than that 
in Shewanella. Moreover, expressing Schizochytrium-
derived  DHFabA in E. coli promoted the accumulation of 
PUFAs [52].

The ER domain reduces 2-trans enoyl-ACPs to satu-
rated acyl-ACPs [49]. One ER is usually present as an 
individual subunit in the prokaryotic PUFA synthase 
from marine bacteria, and the ER domain of different 
prokaryotic PUFA synthases is switchable [49, 53]. How-
ever, most PUFA synthases from eukaryotic microor-
ganisms such as Schizochytrium sp., Thraustochytrium 
sp., and Aurantiochytrium sp., usually comprise two ER 

domains that are fused to other domains in two sepa-
rate subunits [49, 53]. To date, the exact function of the 
individual ER domains remains to be clarified. Figure  3 
depicts gene clusters for the synthesis of polyunsaturated 
fatty acid synthase, which have been identified in various 
marine microorganisms.

Diversity and optimization strategies for PUFAs production 
by marine microorganisms
Biotechnological synthesis of omega-3 polyunsaturated 
fatty acids, such as DHA and EPA, from marine micro-
organisms offers a promising strategy for sustainable 
production [54, 55]. Numerous marine microorganisms, 
including bacteria, yeast, microalgae, protists, fungi, and 
dinoflagellates, have been reported as producers of long-
chain PUFAs [56]. To meet the demands for sustainable 
and economically viable production, research is being 
conducted on engineering biosynthetic pathways for 
unsaturated fatty acids in both heterologous microbial 
hosts and native unsaturated fatty acids producers [15, 
56]. The FAS aerobic pathway require oxygen to produce 
long-chain PUFAs from C16 or C18 saturated fatty acids, 
which operates mainly in microalgae, fungi, and plants 
[20, 21]. Specific desaturases and elongases are required 
to catalyze a sequence of extension and desaturation steps 
[20, 21]. In contrast, PUFAs synthesized by the anaerobic 
PUFA synthase pathway are widespread in marine bacte-
ria (Photobacterium sp., Colwellia sp., Vibrio, Moritella 
marina, and Shewanella sp.) and eukaryotic microalgae 
(Schizochytrium sp. and Thraustochytrium sp.) [14, 15, 
24]. A summary of the sources of EPA/DHA-producing 
marine microorganisms is presented in Table 1. And the 
key domains of PUFA synthases from marine microor-
ganisms exhibited a high degree of homology, despite 
the fact that they produced different major products 
[57]. The high conservation of these enzymes indicates 
they can be efficiently expressed and functional in vari-
ous hosts. Since these synthetases perform similar roles 
across species, established methods can be used to opti-
mize or alter them to boost PUFAs production or modify 
its fatty acid profile. Therefore, these enzymes are ideal 
for bioengineering strategies aimed at enhancing PUFA 
output. Utilizing bioengineering to manipulate the unsat-
urated fat biosynthesis pathway in both heterologous 
microbial hosts and native marine bacteria is a highly 
promising approach.

Marine bacteria PUFA synthases
Many marine bacteria synthesize PUFAs through the 
PUFA synthase system, such as Shewanella oneidensis, 
Colwellia psychrerythraea, Moritella marina, and Aure-
ispira marina. Engineering the PUFA synthase path-
way in both heterologous microbial species and native 
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marine bacteria is considered a promising alternative. For 
instance, expressing a prokaryotic PUFA synthase from 
Shewanella putrefaciens in E. coli resulted in the produc-
tion of EPA [72]. The co-expression of PUFA synthase 
along with a phosphopantetheinyl transferase from Mori-
tella marina in E. coli resulted in the production of long-
chain PUFAs at a concentration of approximately 5 μg/g 
on a dry weight basis [73]. Additionally, the expression 
of a PUFA synthase from Colwellia psychrerythraea in E. 
coli produced DHA at 2.2 mg per gram of cell dry weight 
[74]. In addition to E. coli, certain industrial microor-
ganisms may also be employed as chassis. For instance, 
Lactococcus lactis, Myxococcus xanthus, Pseudomonas 
putida, and Yarrowia lipolytica are employed as chassis 
for the heterologous expression of prokaryotic PUFA syn-
thases [15, 75, 76]. However, marine bacteria strains have 
received less attention in regard for PUFAs production.

Eukaryotic microalgal PUFA synthases
Thraustochytrids, particularly Schizochytrium (now 
Aurantiochytrium) have garnered attention for their 

capacity to produce high levels of long-chain PUFAs, 
especially DHA [24]. Additionally, certain species 
(Schizochytrium sp. ATCC PTA-9695, Schizochytrium 
sp. ATCC20888, and Schizochytrium sp. MYA1381) 
accumulate relatively high levels of EPA [21, 35, 77]. 
Consequently, various strategies have been devel-
oped to improve the productivity and economic via-
bility of omega-3 long-chain PUFAs production in 
Schizochytrium and other Thraustochytrids [78–83]. 
These studies has been well discussed in several recent 
reviews [15, 24, 33, 36]. Here, we will focus on modifying 
the regulation of the PUFA synthases to improve produc-
tivity of omega-3 long-chain PUFAs.

MAT domain is responsible for catalyzing malonyl-
CoA, transferring malonyl groups to form malonyl-ACP 
as an extender for the initiation of fatty acid synthesis 
[35, 37]. The overexpression of MAT in Schizochytrium 
sp. led to a 10% increase in lipid content and approxi-
mately a 24% increase in PUFAs content [35]. Moreover, 
AT domain exhibited thioesterase-like activity towards 
long-chain PUFAs thioesters [38, 40]. Recombinant 

Fig. 3 Gene clusters for the synthesis of PUFA synthase have been identified in various marine microorganisms. KS: ketoacyl synthase; KR: ketoacyl 
reductase; ER: enoyl reductase; DH: dehydratase; PPTase: phosphopantetheinyl transferase; ACP: acyl carrier protein; MAT: malonyl-CoA transferase; 
AT: acyltransferase; CLF: chain length factor
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Schizochytrium sp. with the AT domain from Shewanella 
sp. replacing its native AT domain showed a 3.7-fold 
increase in EPA accumulation compared to the wild-
type strain [39]. The ACP domain transfers acyl groups 
to various functional domains within the PUFA syn-
thase through interactions with the acyl substrates [44, 
45]. The number of ACP domains may correlate with the 
long-chain PUFAs production rate [23, 44, 45]. The pro-
ductivity of EPA increased in parallel with the progres-
sive increase in the number of ACP domains, from 4 to 
9. When the number of ACP domains was increased to 8, 
the productivity increase exceeded 16-fold [44, 45]. The 
findings indicate that the various PUFA synthase domains 
may represent promising targets for the enhancement of 
long-chain PUFAs.

In addition to genetic modification of endogenous 
genes in native hosts, the heterologous expression of 
eukaryotic PUFA synthase in oleaginous and industrial 
microbes has also been employed to enhance the pro-
duction of long-chain PUFAs. Currently, eukaryotic 
microalgal PUFA synthases have been expressed in E. 
coli, yeast, and oilseed crop (Brassica napus and Arabi-
dopsis), with corresponding PUFAs detected in the prod-
ucts. For instance, the MAT domain gene (ScTIOfabD) 
from Schizochytrium sp. TIO1101 was heterologously 
expressed in the yeast Saccharomyces cerevisiae [35]. As 
a result, the engineered yeast exhibited a 16.8% enhance-
ment in biomass production and a 62% increase in fatty 

acid accumulation [35]. Additionally, a 2A peptide-based 
method was used to achieve heterologous expression of 
the EPA biosynthetic pathway from Shewanella japonica 
in Aurantiochytrium, resulting in a fivefold increase in 
EPA production to 2.7 g/L [77]. Furthermore, PUFA syn-
thase and phosphopantetheinyl transferase from marine 
microalgae were introduced into the oil-producing plant 
rapeseed, enriching the fatty acid profile of the oilseed 
crop and achieving the goal of plant secondary metabo-
lism to produce 3.7% DHA and 0.7% EPA [21]. Table  2 
summarizes metabolic engineering strategies for LC-
PUFAs biosynthetic pathways in heterologous microbial 
species and native PUFAs producers.

Marine microalgal fatty acid synthases
Marine microalgae have also been identified as a rich 
source of long chain PUFAs where fatty acid content 
accounts for 10–20% of total biomass in some species 
[56]. PUFAs content in marine microalgae is compara-
tively higher than that of fresh water microalgal species 
as marine microalgae produce higher amounts of PUFAs 
to survive in marine environments. Nannochloropsis 
spp., Porphyridium cruentum, Phaeodactylum tricor-
nutum and Chaetoceros calcitrans have been reported 
as the best EPA producing microalgae, while Isochrysis 
galbana and Cryptecodinium spp. are more suitable for 
extraction of DHA [56, 87]. There microalgae produce 
polyunsaturated fatty acids via the elongase/desaturase 

Table 1 The sources of EPA/DHA-producing marine microorganisms

Microorganism EPA DHA Ref

Bacteria Photobacterium profundum
Shewanella sp.
Photobacterium frigidiphilum
Vibrio sp.

Rhodopseudomonas sp.
Moritella marina
Colwellia psychrerythraea
Colwellia marinimaniae
Psychromonas sp.

[39, 55, 58–71]

Fungi Mortierella alpina Aurantiochytrium sp.
Thraustochytrium sp.
Schyzochytrium SR21

Pythium ultimum

Mortierella elongata

Pythium irregulare
Schizochytrium sp. ATCC PTA-9695
Schizochytrium sp. ATCC 20888

Algae Chlorella minitissima
 Amphidinium sp.
Alexandrium sanguinea
Asterionella sp.
Chlamydomonas sp.
Chlorella ellipsoidea
Heterosigma akasiwo
Nannochloropsis sp.
Nitschia ovali
Pavlova gyran
Phaedacturum tricornutum
Tribonema sp.

Crypthecodinium cohnii
microalgae MK 8805
Gyrodinium nelsoni
Gonyaulaxpolyedra
Amphidinium carteri
Amphidinium sp.
Alexandrium sanguinea
Heterocapsa tricuetra
Isochrysis galbana
Pavlova gyrans
Prorocentrum micans
Prorocentrum minimum
Scripsiella trochoidea



Page 8 of 13Tian et al. Blue Biotechnology            (2024) 1:15 

pathway. Genetic engineering modifications or optimiza-
tion of culture conditions can increase the lipid content 
within microalgae, with lipids accounting for up to 70% 
of the dry weight of the cell [88]. Generally, to improve 
the lipid content, most of the modification methods used 
include increasing the intracellular supply of acetyl-CoA 
and NADPH, enhancing the photosynthetic intensity of 
algae, inhibiting the competitive pathway of lipid syn-
thesis, and transcription factor engineering, etc. Com-
pared with wild-type microalgae, the intracellular lipid 
content of genetically engineered microalgae was greatly 
increased, and the fatty acid profiles were enriched. This 
will lay a good foundation for the industrialized produc-
tion of microalgae [89].

Recent studies have shown that most genes for length-
ening and desaturase enzymes in fatty acid synthesis are 
found in microalgae. This discovery opens the possibility 
of enhancing polyunsaturated fatty acid production in 
microalgae through metabolic engineering approaches. 
In Nannochloropsis oceanica, overexpression of Δ12-
desaturase was induced by a strong promoter, and the 
cells were incubated under nitrogen-deficient condi-
tions to increase the proportion of polyunsaturated fatty 
acids in the fatty acid profile [90]. The overexpression 
of a non-tandem CCCH-type zinc-finger protein in the 
Chlamydomonas reinhardtii membrane lipids desatu-
rates fatty acids and increases the unsaturated fatty acid 
content [91]. The combined expression of Malonyl CoA-
acyl carrier protein transacylase and desaturase 5b in 

Phaeodactylum tricornutum resulted in a significant 
accumulation of DHA and EPA in the engineered micro-
algae, which were analyzed by GC–MS in TAG with 
36.78  μg/mg and 8.14  μg/mg [92]. The overexpression 
of Δ6-desaturase in Nannochloropsis oceanica not only 
enhanced its photosynthetic efficiency, but also resulted 
in a 1.7-fold increase in lipid content compared with the 
wild type and an EPA production of up to 62.35  mg/g 
of cell dry weight [93]. Δ5-desaturase is a rate-limiting 
enzyme in the synthesis of polyunsaturated fatty acids. 
Overexpression of the Δ5-desaturase PtD5b gene from 
Phaeodactylum tricornutum resulted in a 64% increase in 
the production of PUFAs, including a 58% increase in the 
production of EPA [94].

Crypthecodinium cohnii, a microorganism recognized 
for its high DHA content, has been approved by the 
Food and Drug Administration for DHA production. To 
improve strain quality, researchers conducted a fermen-
tation supernatant-based adaptive laboratory evolution 
to identify strains capable of adapting to the challenging 
conditions of late-stage fermentation supernatant. This 
method resulted in a significant 51.79% increase in DHA 
production [95]. Moreover, the choice of carbon sources 
for cultivating Crypthecodinium cohnii influenced bio-
mass production, with glucose resulting in a biomass 
yield of 110 g/L in batch culture [96]. The utilization of 
sodium acetate as a carbon source was found to elevate 
the percentage of DHA in total fatty acids, attributed to 
the stimulation of intracellular acetyl-CoA synthesis [97].

Table 2 Metabolic engineerings of the long-chain PUFAs biosynthetic pathways in heterologous microbial species and native PUFAs 
producers

Host species Genesus LC‑PUFAs Yields Ref

Escherichia coli PUFA synthase gene cluster from She-
wanella putrefaciens

EPA 2.1% of dry weight  [71]

Escherichia coli PUFA synthase from Thraustochytrium DPA
DHA

18% of total fatty acids  [71]

Escherichia coli PUFA synthase gene cluster from Colwellia 
psychrerythraea

DHA 2.2 mg/g dry weight  [74]

Yarrowia lipolytica PUFA synthase from Aetherobacter 
fasciculatus

DHA 16.8% of total fatty acids  [84]

Escherichia coli PUFA synthase gene cluster from Moritella 
marina

DHA 1.6 ~ 5.0 ug/g dry weight [73]

Pseudomonas putida PUFA synthase from Pseudomonas putida DHA 1.4 mg/g dry weight  [85]

Schizochytrium sp. ATCC MYA1381 Overexpression of MAT;
glucose fed-batch fermentation

DHA
EPA

Total lipid concentration 
in broth = 110.5 g/L; DHA concentra-
tion = 47.4 g/L; EPA concentration = 1.7 g/L

 [35]

Schizochytrium sp. HX-308 (CCTCC 
M209059)

Replacement with AT gene from She-
wanella sp.

DHA
EPA

47.2% DHA in total fatty acids; 3.8% EPA 
in total fatty acids

 [39]

Lactococcus lactis PUFA synthase gene cluster from She-
wanella baltica

DHA
EPA

0.12 mg/g dry weight 1.35 mg/g  [75]

Schizochytrium sp. ATCC 20888 Increasing the number of ACP domains DHA
EPA

A more than 16-fold increase in EPA pro-
ductivity and a 1.8-fold increase in DHA 
productivity

 [86]
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Isochrysis sp. has been confirmed to possess the elon-
gation/desaturation pathway, with successful expression 
of Δ6-elongase, Δ5-desaturase, and Δ12-desaturase in E. 
coli, demonstrating their roles in PUFAs synthesis [98–
100]. The efficiency of enzymes involved in PUFAs syn-
thesis varies among different algal sources. For instance, 
Δ4-desaturases from Isochrysis sp. expression in Saccha-
romyces cerevisiae showed a 34% conversion efficiency 
for DHA, higher than enzymes from other sources [101]. 
Researchers have not only validated the genes responsi-
ble for the PUFAs-producing pathway but have also opti-
mized the culture conditions of Isochrysis sp. to enhance 
DHA and EPA levels [102]. They discovered that temper-
ature significantly influences the fatty acid profile, with 
lower temperatures promoting the accumulation of DHA 
and EPA. Additionally, increasing nitrogen content in the 
culture medium and the presence of iron (Fe) can stim-
ulate the expression of Δ5-desaturase, facilitating EPA 
accumulation [103, 104].

Microalgae have emerged as a research focus in recent 
years due to their potential as a sustainable energy 
source, their environmental adaptability, and their high 
lipid content. This interest has driven increased explora-
tion into their use in biodiesel production. A combined 
metabolic engineering approach, utilizing external envi-
ronmental stress conditions, represents an effective 
strategy for enhancing microalgal biomass and lipid pro-
duction. Another promising method for increasing the 
carbon flux in microalgae is heterotrophic modification, 
which can be used to construct industrially viable chassis 
cells. However, only a small proportion of microalgae are 
currently produced on an industrial scale. Consequently, 
there is a pressing need to advance the development of 

microalgae for future industrial applications. Table  3 
provides an overview of methods for enhancing the lipid 
content of microalgae.

Conclusion and perspective
Microorganisms are pivotal as the primary producers of 
PUFAs in marine ecosystems. They facilitate the transfer 
of these essential fatty acids throughout the food chain, 
making the extraction of PUFAs from marine micro-
organisms more economically viable than from fish oils 
[116, 117]. Recently, microorganisms capable of produc-
ing PUFAs have been successfully isolated from oceanic 
environments. These microorganisms are commonly 
found in extreme conditions like the deep sea, character-
ized by high pressure and low temperatures, or within 
the gut flora of specific fish species [118]. Strains such 
as Thraustochytrids, Shewanella sp. and microalgaes 
have been identified with high lipid content and a wide 
range of fatty acids, including DHA and EPA, making 
them highly suitable for industrial applications. In natu-
ral settings, synthesized fatty acid chains typically exist in 
organisms as triglycerides or phospholipids [119]. Fatty 
acids are often incorporated into phospholipids during 
the pre-growth phase of bacterial growth. Several stud-
ies indicate a correlation between cell membrane fluidity 
and the saturation levels of membrane lipids, suggest-
ing that higher lipid unsaturation is linked to enhanced 
membrane fluidity [120, 121]. With phased temperature 
control, it was found that low temperature stresses gly-
colysis pathway and TCA cycle, resulting in a reduced 
energy supply while pentose phosphate pathway is 
promoted, increasing NADPH and ATP production, 
thereby enhancing fatty acid synthesis for cell survival. 

Table 3 Methods for increasing the lipid content of microalgae

Methodologies Microalgae species Effects Ref

Regulate  CO2, temperature and light Nannochloropsis sp. Increase in the EPA content by 3.4-folds  [105]

Regulate nitrate, phosphate, silicate, and temperature Navicula phyllepta MACC8 Increase in total lipid content by 48%  [106]

Regulate macronutrients (N, P, and S) Chlamydomonas reinhardtii Increase in TAG by 1.1- folds  [107]

ACCase overexpression Chlamydomonas reinhardtii 2.4-fold increase in TAGs  [108]

G6PD overexpression P. tricornutum 2.7-fold increase in lipid content  [109]

ME overexpression Chlorella protothecoides 2.8-fold increase in total lipid content  [110]

DGAT2 overexpression Nannochloropsis oceanica TAG content was increased to 3.2 μg/mg dry weight 
from 0.7 μg/mg dry weight

 [111]

DGAT1 overexpression Nannochloropsis oceanica TAG accumulation of overexpression line grown 
up to 0.49 g/L, 47% higher than that of control line

 [112]

Δ6 desaturase overexpression Mortierella alpina Resulting in a 26.2-fold increase of EPA yield  [113]

Endogenous Δ5 desaturase overexpression Phaeodactylum tricornutum Resulting in 58% increase of EPA production  [94]

Overexpression of bHLH Nannochloropsis salina Under N limitation, FAME productivity of the transformants 
was 33.2% greater than that of the wild type

 [114]

Expression of GmDof4 from soybean Chlorella ellipsoidea The lipid content was enhanced by 46.4 to 52.9%, with-
out growth limitation

 [115]
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Additionally, low temperature upregulates the expres-
sion of pyruvate carboxylase, which facilitates fatty acid 
desaturation [122]. This trait is particularly crucial in 
marine environments, where organisms must with-
stand osmotic stress and low temperatures, resulting in 
a higher prevalence of PUFAs in marine microorganisms 
compared to their freshwater counterparts. While some 
marine microorganisms can produce fatty acids, their 
slow growth rate and low oil content make it challeng-
ing to meet the demand for PUFAs, leading to increased 
costs for isolation and purification in downstream pro-
cesses. Transcriptomics technology can identify crucial 
genes for fatty acid synthesis. Increasing the C/N ratio 
in the medium can also boost fatty acid accumulation. 
And optimizing light intensity, nutrient availability, and 
temperature, can significantly enhance both growth rates 
and PUFAs production in marine microalgae. Advanced 
genetic engineering techniques are being developed to 
synthesize PUFAs from marine microorganisms. Enhanc-
ing the efficiency of anaerobic pathways in model micro-
organisms with higher oil content through heterologous 
expression can modify the fatty acid profile. However, 
this approach is challenging due to the complexity of the 
PUFA synthase gene cluster and the efficiency of gene 
editing tools. The rapid advancement of computer tech-
nology offers new opportunities for modifying marine 
microbial PUFAs synthesis, significantly enhancing the 
fatty acid profile, increasing PUFAs production, and 
uncovering the synthetic mechanisms of PUFA synthase.

The modification of genetic material in marine micro-
organisms can potentially impact marine ecosystems. 
The introduction of genetically modified microorganisms 
may disrupt the natural ecological balance and affect 
other biological populations. Ensuring the sustainability 
and societal approval of marine ecosystems and resources 
is essential. If these fatty acids are used in nutraceutical 
formulations, it is crucial to guarantee product safety 
and transparency to mitigate potential health hazards. 
Researchers and policymakers must address ethical 
considerations conscientiously, ensuring that research 
and development initiatives are sustainable, secure, and 
socially accountable. Thorough toxicological and nutri-
tional assessments are conducted to verify product safety 
before commercialization. Implementing specific labeling 
practices is advisable to minimize the spread of antibiotic 
resistance. While genetic engineering for the synthesis of 
LC-PUFAs in marine microorganisms holds significant 
promise, it also presents complex ethical dilemmas. The 
safety and societal acceptance of this technology can be 
maximized through comprehensive scientific risk evalu-
ation, stringent regulatory measures, and active public 
engagement, fostering sustainable progress and balanc-
ing economic, social, and environmental concerns.

Marine microorganisms offer new opportunities 
to enhance the economic productivity of PUFAs and 
provide effective solutions to meet the growing mar-
ket demand for high-quality PUFAs. Advancements in 
genetic engineering have significantly improved the bio-
synthesis of long-chain PUFAs, such as DHA and EPA, 
by leveraging the unique metabolic capabilities of these 
microorganisms. The ongoing research and development 
in genetic engineering and metabolic optimization of 
marine microorganisms promise to meet the increasing 
global demand for high-quality PUFAs. These innova-
tive approaches provide a sustainable and efficient means 
of producing essential fatty acids, thereby contributing 
to improved human health and nutrition. Future stud-
ies should continue to explore the potential of marine 
microorganisms and their genetic manipulation to fur-
ther enhance PUFAs production and realize their full 
commercial potential.
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